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Abstract

When isolated chlorosomes from Chloroflexus aurantiacus are treated with 1-hexanol, the BChl ¢ Q, absorption band shifts from 740
to 670 nm, while the baseplate BChl a remains at 795 nm. The relative amount of BChl ¢ in the 740 and 670 nm forms depends on the
hexanol concentration. Atomic force microscopy was used to study the ultrastructure of native, hexanol-treated, and protein-free
chlorosomes. Chlorosomes appeared to be larger and more rounded upon hexanol treatment and did not return to the original shape or size
after 2-fold dilution. Therefore, the hexanol treatment is not completely reversible in terms of chlorosome structure. Untreated,
hexanol-treated and and hexanol-treated and then diluted samples were investigated using steady-state and time-resolved fluorescence
spectroscopy. For the sample treated with 68 mM hexanol, a 24 ps energy transfer from BChl ¢ to a was observed in the picosecond
fluorescence measurements. After 2-fold dilution, most of the kinetic properties of the untreated chlorosomes, characterized by a major
energy transfer component of 15 ps from BChl ¢ 740 to BChl a 795, were regained. Energy transfer from either BChl ¢ 740 or BChl ¢
670 to baseplate BChl « is fast and relatively efficient in untreated chlorosomes. In hexanol-treated chlorosomes, the excited state lifetime
is not very different from that in untreated samples, but the energy transfer efficiency is quite low. This may result from concentration

quenching of the monomeric pigments in the hexanol-treated chlorosomes.
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1. Introduction

The major light-harvesting structures in green photo-
synthetic bacteria are chlorosomes, which are oblong bod-
ies attached to the cytoplasmic side of the cell membrane
[1-5]. In the green gliding bacterium Chloroflexus auran-
tiacus, the chlorosome is approximately 100 nm long, 30
nm wide and about 10 nm thick, and is surrounded by a
lipid monolayer [6]. It contains BChl ¢ aggregates and
carotenoids, as well as a small amount of BChl a [7-9].
Three major polypeptides [10], namely, 18, 11 and 5.7 kDa
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polypeptides, have been found to be associated with
chlorosomes, but their functions are still unclear.

The most abundant pigment in chlorosomes from Cf.
aurantiacus i1s BChl ¢, with about 10000 molecules in
each antenna structure. The Q, absorption band of BChl ¢
in the chlorosome is about 70—80 nm red-shifted as com-
pared to the monomeric form. The kinetics of energy
transfer within chlorosomes from various species have
been extensively investigated (see [1-5] for reviews) both
experimentally [11-19] and theoretically [20]. Steady-state
fluorescence studies [9], [21] suggested an energy transfer
pathway from BChl ¢ aggregates to BChl a in a so-called
baseplate structure [6], which further connects to a BChl
a-protein complex, B808§-866 in the membrane. Some
minor forms of BChl ¢ and a pigments may also play a
role in mediating certain energy flow steps [22], [19].
Overall, the excited state of BChl ¢ is found to decay with
a lifetime of about 10-20 ps in isolated chlorosomes
[11-19]. However, recent measurements on the subpi-
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cosecond timescale have revealed ultrafast components in
the BChl ¢ decay [19].

Questions remain on the organization of BChl ¢ in
chlorosomes. It was proposed to bind to the 5.7 kDa
protein [23], in which case the protein would play a major
functional role [24]. Other evidence, however, argues
against this conclusion. Also, when chlorosomes are treated
with the detergent sodium dodecyl sulfate, which removes
all the proteins, BChl ¢ shows similar spectral properties
to those of untreated samples [25]. Other studies showed
that BChl ¢ can associate spontaneously in non-polar
solvents [26-29] aqueous solutions [30,31] or detergent
suspensions ([32], and Van Noort, P.I., unpublished data).
All these protein-free aggregates have a BChl ¢ absorption
almost identical to that of native chlorosomes. Based on
the idea that proteins are not required for formation of the
740-750 nm absorbing species in chlorosomes, different
models for BChl ¢ organization have been proposed
[26,27,33-38]. In these models, the central Mg is thought
to be essential for the aggregation, bridging neighboring
pigments. Two of the functional groups of BChl ¢, the
3'-hydroxyl and 13'-keto groups, are involved in the
oligomer formation, although the precise geometry of the
oligomers are not known.

Efforts were also made by various groups to chemically
treat the native chlorosome to study the BChl ¢ organiza-
tion indirectly. One interesting chemical is 1-hexanol,
which has a six-carbon hydrophobic chain and a hydroxyl
group. It was first reported by Brune et al. [11] that the 740
nm absorbing form of BChl ¢ in the Chloroflexus chloro-
some can be converted to a 670 nm absorbing form by the
addition of 1% 1-hexanol to the chlorosome solution. The
effect was partially reversible by dilution with buffer.
Matsuura and Olson [39] showed that the hexanol effect
can be completely reversible, based on steady-state fluo-
rescence and absorption results. Linear dichroism (LD)
studies [40] suggested that BChl ¢ loses its orientation
upon hexanol treatment, but is still organized in a some-
what ordered form. Miller et al. [31] further found that the
absorption spectrum of an aqueous aggregate of BChl ¢
can also be reversibly converted to the 670 nm form by
hexanol.

In this paper, we examined the size and shape of native,
hexanol-treated, and protein-free chlorosomes using atomic
force microscopy [41). We also report the steady-state and
time-resolved fluorescence and absorption difference spec-
tral measurements of chlorosome samples treated with
different concentrations of hexanol.

2. Materials and methods
2.1. Cell growth and chlorosome purification

Chloroflexus aurantiacus was grown photoheterotrophi-
cally in 1-liter batch cultures at 55°C as described by

Pierson and Castenholz [42]. The cells were harvested by
centrifugation after 3—4 days of growth and chlorosomes
were isolated by the method of Gerola and Olson [43]
using a 2 M concentration of the chaotropic agent, NaSCN.
After a 10-50% linear sucrose gradient ultracentrifugation,
the chlorosome band was collected for spectroscopic stud-
ies.

2.2. Hexanol treatment

A hexanol solution was prepared by adding 0.6-0.85%
(v /v) 1-hexanol to 10 mM phosphate buffer (pH 7.4) and
shaking vigorously. The hexanol-buffer mixture was then
allowed to stand at room temperature for 20-30 min.
Concentrated chlorosomes were diluted into the hexanol-
containing buffer. The final concentration of hexanol was
estimated to be 48—68 mM. To reverse the hexanol effect,
fresh buffer was added slowly (dropwise) to the treated
sample.

2.3. Atomic force microscopy (AFM)

All the samples for AFM were diluted to a final optical
density of about 0.1 at 740 nm or 670 nm for the hexanol-
treated samples. In the detergent treatment, 1% (w/v)
sodium dodecyl sulfate was mixed with the chlorosome
sample, and incubated at 50°C for 20 min. In order to
remove the detergent which may interfere with the chloro-
some image in AFM pictures, the sample was centrifuged
at 150000 X g for 1 h and the pellet was collected and
dissolved in H,0.

Discs of muscovite mica, a few tenths of a millimeter
thick, were first glued to magnetic stainless steel punches
and then cleaved to expose a fresh clean surface. An
aliquot of approximately 20 u] of each sample was imme-
diately pipetted onto the surface and dried in air overnight.
The surface of the mica was rinsed with water (or
hexanol-containing water) and left to dry again. For the
untreated chlorosome sample, a 20 nm thick carbon amor-
phous layer was applied on the sample surface in a vac-
uum chamber.

The samples were imaged under ambient air conditions
with a commercial AFM (Nanoscope III, Digital Instru-
ments, CA). For the contact mode AFM, the cantilevers
were 100 pwm long, with a manufacturer’s reported spring
constant of 0.1 N/m. In order to minimize damage to the
sample by the scanning probe, we also employed the
TappingMode™ technique [44]. A stiff 125 um silicon
cantilever (spring constant was 50 N/m) with an integral
tip was oscillated near its resonance frequency of about
300 kHz and the damping of the amplitude, which depends
upon interaction with the sample and thus on the surface
topography, was monitored with an optical laser beam and
detector system.

In order to estimate the volume, all structures on AFM
pictures were treated as ellipsoids. The equation V=
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(4/3)mabc was used, where a, b and c are radii of three
dimensions.

2.4. Spectroscopy

Absorption spectra were measured on a Cary 5 spectro-
photometer and steady-state fluorescence spectra were
measured on a Spex Fluorolog 2.

Fluorescence lifetimes were measured using a single-
photon counting instrument described earlier [45]. All the
data reported in this paper were taken with 5 ps per
channel over a 10 ns time scale. Fluorescence decays were
detected at wavelengths between 660 and 830 nm, and
global analyses were performed to generate decay-associ-
ated spectra.

3. Results

3.1. Atomic force microscopy (AFM)

We began our studies by examining the native chloro-
some sample using tapping mode AFM. Carbon coating
was applied to immobilize the sample surface. Fig. 1 is a
typical 264 nm X 264 nm view of native chlorosomes.
Panel a shows ellipsoidal bodies of a length of 90-110 nm
and a width of about 30 nm. From panel b in Fig. 1, their
thickness appears to be less than 10 nm. An average of 10
measured structures gave a chlorosome size of 99 nm long,
31 nm wide and 5 nm thick (Table 1).

Fig. 2 shows a 375 nm X 375 nm image of hexanol-
treated chlorosomes obtained by tapping mode AFM. The
structures seem to be much larger (Fig. 2a) and more

Fig. 1. Top view (a) and surface plot (b) of a tapping mode AFM image of an untreated chlorosome sample.
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Table 1
Dimensions of chlorosome samples as determined by atomic force mi-
croscopy

Measured (nm) (£S.D.)

[Hexanol}  length width height volume
(mM) (x10* nm?)
0(10)* 99(+10) 31(+ 4 50(£06) 8.0
68(10)*  179(+ 9 99(x11) 45(x07) 417

34 (12)° 139(+£11)  115(+12)  3.4(+05) 285

* The number of chlorosome structures measured for averaging.

rounded (Fig. 2b) than native chlorosomes. An average
length of 179 nm, width of 99 nm and thickness of 4.5 nm
was obtained from 10 features.

When diluted 2-fold in H,0O, the chlorosomal vesicles
(Fig. 3) became smaller than the treated ones in Fig. 2.

They were estimated to be 139 nm long, 115 nm wide and
3.4 nm thick from averaging 12 structures. However, the
structures are still considerably larger than the untreated
chlorosomes.

After the native chlorosome sample was treated with
1% sodium dodecyl sulfate (SDS) for 20 min, the base-
plate absorption around 795 nm disappeared, while the 740
nm BChl ¢ band remained (data not shown). The chloro-
somes were now free of proteins from the SDS-PAGE data
([32] and our results not shown here). We imaged the
sample with the contact mode AFM [41]. The top view
(Fig. 4a) shows near-circular features with a diameter
range from 53-91 nm. This agrees with the results from a
previous electron micrograph of lithium dodecyl sulfate
(LDS)-treated samples [32]. However, according to the
pictures in Fig. 4b, the structures are not spherical but
disc-like, having an average thickness of 10 nm.

Fig. 2. Top view (a) and surface plot (b) of a tapping mode AFM image of a chlorosome sample containing 68 mM hexanol.
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All the features in Fig. 1, Figs. 2 and 4 show a
‘polished’ surface topography, indicating a rather smooth
exterior of the chlorosome envelope. In Fig. 3, however,
the surface of the structures, as well as the background,
give a rippled appearance. Although the cause is not
known, we believe that this roughness does not reflect the
real features of the sample.

3.2. Steady-state spectroscopy

Fig. 5 shows the steady-state absorption and fluores-
cence excitation and emission spectra of untreated and
hexanol-treated chlorosomes. When chlorosomes were sus-
pended in 68 mM hexanol, the BChl ¢ absorption shifted
from 740 nm to 670 nm, while the BChl a absorption of
the baseplate remained unchanged (Fig. 5d). This is in

agreement with previous observations [11], [39]. If the
hexanol concentration was below 68 mM, only part of the
BChi ¢ 740 was converted to 670 nm form (Fig. 5b and c).
When the hexanol concentration was increased from 48 to
68 mM, BChl ¢ aggregate absorption around 740 nm
shifted slightly to 730 nm, until it disappeared in 68 mM
hexanol (Fig. 5d). When detected at 825 nm, the excitation
spectrum of each sample showed peaks at 670 and 730-740
nm region. This indicated excited-state energy transfer
from BChl ¢, both the 670 and 730-740 nm absorbing
species, to the baseplate BChl g, absorbing around 790-
795 nm. All the fluorescence emission spectra of hexanol-
treated samples with excitation at 650 nm (Fig. 5b, ¢ and
d) showed a band around 800 nm. Since BChl a has
essentially no absorption at 650 nm, this further confirms
an energy transfer process from BChl ¢ 670 to BChl a

Fig. 3. Top view (a) and surface plot (b) of a tapping mode AFM image of chlorosomes in 34 mM hexanol buffer after dilution of chlorosomes in 68 mM

hexanol.
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795. Similarly, energy transfer from BChl ¢ 670 to the
baseplate BChl a was suggested in chlorosomes from
Chlorobium limicola [39].

In Fig. 5, the absorption and fluorescence excitation
spectra of each sample were normalized around 795 nm in
order to visualize the energy transfer from BChl ¢ to a. To
calculate energy transfer efficiency (ETE), the excitation
and the corresponding 1-transmittance spectra were com-
pared, and the results are listed in Table 2. For untreated
chlorosomes, the ETE from BChl ¢ aggregate to BChl a in
the baseplate was ~ 58%, which was comparable to the
55% observed earlier at both 77 K and room temperature
[46]. Upon the addition of 56 mM hexanol, the ETE from
730-740 nm absorbing BChl ¢ to BChl a decreased to
30%. This is about half that of the untreated chlorosome
sample. On the other hand, as the hexanol concentration
increased, the energy transfer from the 670 nm absorbing

BChl ¢ decreased almost 3-fold, from 36% to 13%. The
relative amount of the 730-740 to 670 nm BChl ¢ species
also decreased in the same direction. These data suggest
that the remaining 730—740 nm absorbing form of BChl ¢
could function as an intermediate in the energy transfer
pathway from 670 nm to 795 nm. In fact, when taking the
excitation spectrum of the 68 mM hexanol-containing
chlorosome sample with emission wavelength of 740 nm,
we saw an absorption peak around 670 nm (data not
shown), indicating that the 730-740 nm BChl ¢ form
accepts energy from BChl ¢ 670.

3.3. Single photon counting fluorescence experiments
Matsuura and Olson [39] found that when the hexanol-

treated chlorosome sample was diluted 2-3-fold with fresh
buffer, it showed similar steady-state absorption and fluo-

Fig. 4. Top view (a) and surface plot (b) of a regular AFM image of chlorosomes treated with 1% SDS.
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Fig. 5. Absorption (---), fluorescence excitation (- - -) and emission (—
—-) spectra of untreated (a) and hexanol-treated chlorosomes (b, ¢ and d).
Hexanol concentrations were 48 mM (b), 56 mM (c), and 68 mM (d),
respectively. Fluorescence emission spectra were taken with excitation at
650 nm for (b), (c), (d) and 460 nm for (a). Fluorescence excitation
spectra were detected at 825 nm for all samples. Absorption and corre-
sponding excitation spectra were normalized at about 795 nm.

rescence emission spectra as compared to untreated chloro-
somes. To test the reversibility in terms of Kkinetics,
single-photon counting experiments were performed on
native, hexanol-containing, and hexanol-recovered chloro-
somes from the same preparation. Decay-associated emis-
sion spectra (DAS) of the different chlorosomes are shown
in Fig. 6. A sum of five exponentials was used to fit decay
curves at 11 wavelengths for native, 48 mM hexanol-treated
and recovered chlorosomes, respectively, and at 12 wave-
lengths for 68 mM hexanol-treated chlorosomes. Com-
pared to that of four exponentials, the five exponential

analysis gave a much better global fit in most cases based
on the residuals at certain wavelengths and the overall y?2.
For example, the y* of the global analysis shown in Fig.
6b was 1.21, much lower than the 1.64 if four lifetimes
were used.

The most dominant component in all the spectra is the
fast component which changes its amplitude from positive
to negative with increasing wavelength. This component
represents an energy transfer from BChl ¢ to BChl a 795,
with positive amplitudes for the decay of the BChl ¢
emission and negative amplitudes for the rise of the BChl
a 795 emission. Samples in Fig. 6a and d, which are
untreated and hexanol-recovered chlorosomes, respec-
tively, display very similar global analysis kinetics. A
major lifetime of 15-17 ps was observed for both the
untreated and recovered samples. A minor difference is
that the center of the negative band around 800 nm is
slightly blue-shifted for the 15-17 ps fast component for
the recovered chlorosomes.

In order to investigate the energy transfer pathway,
samples with different hexanol concentrations were stud-
ied. Fig. 6a shows that the lifetime of BChl ¢ in untreated
chlorosomes (17 ps) is slightly shorter than that of BChl ¢
in the 670 nm form (24 ps, Fig. 6¢). In 48 mM hexanol
(Fig. 6b), the chlorosome sample displayed almost equal
absorption and fluorescence emission of the 670 and 730-
740 nm band. However, the major fast energy transfer
component from global analysis of single-photon counting
experimental data was centered at 750 nm, with a rela-
tively small band around 680 nm (Fig. 6b). A possible
reason is that when 670 nm BChl ¢ is excited by the 650
nm laser beam, excited state energy is transferred very
rapidly to 730-740 nm BChl ¢ and is therefore not
resolvable in this experiment. The longer-wavelength 730~
740 nm absorbing BChl ¢ then decays in 10-20 ps.

Fig. 6d also shows that the amplitude ratio of the
negative peak around 800 nm and the positive BChl ¢
peak (around 680 nm) is considerably larger for the hex-
anol-containing samples as compared to untreated chloro-
somes (Fig. 6a, 750 nm BChl ¢ band). The overlap
between the 750 nm BChl ¢ and 800 nm BChl a fluores-
cence probably cancelled out some of the negative ele-
ments around 800 nm, resulting in a small BChl & nega-
tive peak. When the BChl ¢ is partly or completely shifted

Table 2
Energy transfer efficiency (ETE, %) from different spectral forms of
BChl ¢ to BChl a 795 in native and hexanoi-treated chlorosomes

BChl ¢ band
[Hexanol] (mM) 670 nm 730-740 nm
0 N/A 58
48 36 38
56 24 30
68 13 N/A
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Fig. 6. Decay-associated emission spectra of untreated chlorosomes (a),
chlorosomes in 48 mM (b) and 68 mM (c) hexanol, and in 34 mM
hexanol after the 68 mM hexanol treatment (d). All the data were taken at
room temperature (25°C) with excitation at 590 nm for (a), (d) and 650
nm for (b), (c), and were fitted with five components. The data points for
the two longer-lifetime components are overlapped at some wavelengths.

to 670 nm absorption by hexanol, the overlap between
BChl ¢ and BChl a fluorescence decreases and a much
clearer negative peak appears at 800 nm. An alternative
explanation is that in native chlorosomes, the aggregated
BChl ¢ molecules are excitonically coupled and therefore
the oscillation strength of BChl ¢ 740 would be much
higher than that of BChl a 795. This would make the

decay amplitude of BChl ¢ much larger than the rise
amplitude of BChl a. In the hexanol-treated chlorosomes,
however, the BChl ¢ aggregate is somewhat disrupted by
the hexanol, and the BChl ¢ molecules would behave more
like monomers. In this case, there would not be as great an
amplitude difference in the decay of BChl ¢ and the rise of
BChl a, as compared to the native chlorosomes.

4. Discussion

We performed both contact and non-contact mode AFM
on chlorosome samples. In all the AFM experiments, the
chlorosome structures bound firmly to the mica plate,
which mainly contains polar Si—O bonds with negative
surface charge. Compared to electron microscopy (EM),
one advantage of AFM is that sample preparation is rather
easy. The sample does not need to be freeze-fractured as in
most EM, but only needs to be air-dried at room tempera-
ture. Therefore, AFM is a potentially useful technique to
image biological samples that are vulnerable to low tem-
perature and high vacuum.

The length and width of the chlorosomes as measured
by AFM agree rather well with values reported previously
using EM. However, the height measurements are systermn-
atically smaller than those found using EM. Similar dis-
crepancies in height measurements have been reported in
AFM and STM studies on a variety of samples [47-49]. A
possible reason is that when the vesicles settle on the mica
surface, their shape is distorted due to the interaction
between the structures and the mica. It has been reported
before that the apparent thickness of a structure depends
on the substrate it is adsorbed to [47]. Different interac-
tions between the substrate and the sample can cause as
much as 5 nm height difference. Instrumental artifacts
could also be involved, complicating data analyses. Previ-
ous studies have reported similar height anomaly on bio-
logical samples by contact mode AFM. In one study, the
height as measured by AFM was up to 10-fold lower than
that by transmission electron microscopy (TEM) [48].
Numerous other factors could contribute to the height
discrepancy. These include capillary effect and mechanical
deformation due to the relative movement of the tip with
respect to the sample [44].

From the contact mode AFM pictures (Fig. 4) of the
SDS-treated chlorosomes, structures were rather flat, in-
stead of spherical as previously reported [32]. For the
native chlorosome sample, the average length (99 nm) and
width (31 nm) are close to the dimensions measured by
EM [6], whereas the height (5 nm), is only half of the
height determined by EM. We used tapping mode AFM, in
which case the influence of the lateral forces is greatly
reduced. Some other factors, including carbon coating and
adhesion to the substrate, may also affect height obtained
by AFM. To make the sample robust, a 20 nm thick
carbon coating was applied on the untreated chlorosomes.
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The carbon coating, however, need not be evenly dis-
tributed on the surface. On the average, a 5% (of the
carbon layer thickness) inaccuracy is introduced (John
Wheatley, personal communication). Therefore, the chloro-
some height has approximately a 1 nm uncertainty from
the carbon coating. Another factor is the thickness distor-
tion due to the interaction between the sample and the
substrate. Mica, which has a negatively charged surface,
was used in current AFM experiments, whereas carbon
coated gold or copper grid with a neutral exterior was used
in the previous EM measurements [6].

In order to fully understand the height discrepancy
observed by AFM and EM, it will be necessary to obtain
information about physical properties of chlorosomes, such
as, elasticity and adhesion forces. Similar studies have
been performed recently [50] to investigate the adsorption
of lysozyme molecules on mica substrates. Future experi-
ments that might resolve this question include tapping
mode AFM in liquid samples. AFM experiments in liquid
are expected to reduce the disruption of soft biological
samples when imaged under ambient conditions [51] and
to eliminate capillary forces [52].

When chlorosomes are diluted into hexanol-saturated
buffer, the BChl ¢ absorption band shifts from 740 to 670
nm. Our AFM pictures showed that the chlorosomes be-
come much more rounded in shape and larger in overall
size, with an estimated 5-fold increase in volume. Lehmann
et al. [53] also observed an increase of chlorosome dimen-
sions after hexanol treatment. The enlargement of the
chlorosomes is probably due to the intake of hexanol
molecules and the disruption of BChl ¢ aggregates. Be-
cause hexanol has a six-carbon hydrophobic chain, it easily
goes through the chlorosome lipid envelope and binds to
the BChl ¢ inside the chlorosomes. After this hexanol-
treated sample is diluted into fresh buffer, it recovers most
of the spectroscopic properties of untreated samples, judg-
ing from steady-state absorption and time-resolved fluores-
cence studies. However, neither the shape nor the volume
of the chlorosomes returns to the original state. The hex-
anol concentration in this diluted solution was about 34
mM. If we assume that the amount of hexanol inside
chlorosomes is proportional to the overall concentration in
solution, there would still be about half as much hexanol in
the chlorosomes after dilution. Therefore, the chlorosomes
in this solution would be still much larger than those in a
buffer with no hexanol at all. Because the interior of the
chlorosome is somewhat hydrophobic, the hexanol
molecules that have gone through the envelope may be
‘trapped’ inside this environment, which also makes the
chlorosome shape remain rounded. Most of the hexanol
molecules inside chlorosomes after dilution are probably
not bound to any BChl ¢ molecules, but either floating
around between BChl ¢ or mixed with the envelope lipid
layer. So, although BChl ¢ molecules convert back into
the 740-nm-absorbing aggregates, they may still be sur-
rounded by hexanol.

4.1. Pigment organization and energy transfer in hexanol-
treated chlorosomes

Several studies have shown that BChl ¢ in chlorosomes
is highly ordered, with the Q, electronic transition dipoles
almost parallel to the long axis of the chlorosome [9,54~
56]. Upon hexanol treatment, this Q, orientation is lost
according to LD measurements [40]. Hexanol, like many
other alcohols, probably disrupts the normal BChl ¢ aggre-
gate structure by displacing BChl ¢ 3'-hydroxyl groups as
ligands to the Mg atoms of adjacent molecules.

Our kinetic data from the picosecond fluorescence spec-
troscopic studies clearly demonstrated a fast energy trans-
fer from BChl ¢ to a in the hexanol-treated chlorosomes,
with an excited state lifetime of 24 ps for BChl c. In terms
of Forster energy transfer, it is somewhat surprising that
such a fast energy transfer process exists, considering that
there is virtually no spectral overlap between the BChlc
670 fluorescence emission band and BChl a 795 absorp-
tion band. Therefore, a direct Forster energy transfer is not
likely, suggesting that another intermediate component of
energy transfer might be involved. One possible candidate
is the BChl ¢ 730-740 species. Although the absorption
spectrum of the chlorosomes in 68 mM hexanol does not
show a peak in this region, the fluorescence emission
spectrum does display a shoulder around 730 nm (Fig. 5d).
Similar results were also shown by Matsuura and Olson
[39]. This suggests the presence of a trace amount of an
intermediate species of BChl c. In fact, the increasing ETE
from 670 to 790 nm with higher BChl ¢ 730-740 concen-
tration also seemed to support an intermediate role of the
730-740 nm species. Therefore, our current fluorescence
data suggest that when the BChl ¢ 730-740 aggregate is
present with the BChl ¢ 670, at least part of the energy
transfer from 670 nm to 795 nm goes through the BChl ¢
730-740 species.

The lifetime of the monomeric BChl ¢ in the hexanol-
treated samples is much shorter than the decay of free
BChl ¢ monomers, which is 6.5 ns in CH,Cl, +0.5%
methanol [57]. The data shown in Fig. 6c clearly show that
energy transfer to BChl a is responsible for part of the
short lifetime, as discussed above. However, energy trans-
fer is not the primary pathway for decay of the excited
state. The energy transfer efficiency in the hexanol-treated
chlorosomes is much lower than that in untreated ones,
13% vs 58%. This strongly suggests that a fast relaxation
process which competes with the energy transfer has been
introduced upon hexanol treatment. This additional
quenching process is likely to be related to the well known
phenomenon of concentration quenching, which has been
extensively studied in chlorophyll systems for many years
[58—61]. The bulk concentration of BChl ¢ in the chloro-
some is in the range of 0.3—1 M, depending on the precise
values chosen for the volume and the number of BChl ¢
per chlorosome, which in turn depend on growth condi-
tions [62,63]. The concentration in the hexanol-treated
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chlorosomes is almost certainly somewhat lower due to the
swelling that takes place upon hexanol treatment. How-
ever, even with a substantial margin for error, the pigment
concentration in hexanol-treated chlorosomes is well into
the range that exhibits almost complete fluorescence
quenching in chlorophyll solutions, vesicles or liposomes
[60,61]. How the intact chlorosome avoids this fate is not
yet understood, but is probably related to the strong exci-
ton coupling in the native system.
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